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Electrochemical impedance spectroscopy (EIS) has been established as an effective technique for bacterial biofilm detection.
Through the need for miniaturization, the application of novel electrode materials gains interest. In this study, we introduce
Sputtered IRidium Oxide Film (SIROF) electrodes of varying sizes and geometries as sensors for biofilm detection. Pre-emptive
cyclic voltammetry (pre-cycling) was used to transform as-sputtered anhydrous iridium oxide films into hydroxides, reducing the
impedance and allowing the material to be adopted for miniaturized biofilm sensors. Our investigation showed that especially lower
scan rates during this pre-cycling process reduced the interfacial impedance, hence optimizing electrode performance for this
application. Using EIS in combination with pre-cycled SIROF electrodes, we detected biofilm growth within 24 hours and
successfully distinguished between biofilms of S. aureus and P. aeruginosa. Additionally, we analyzed the influence of electrode
size on biofilm detection and characterization. This study highlights SIROF electrodes as a promising platform for sensitive and
scalable biofilm monitoring.
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Bacterial biofilms and current detection pitfalls.—Bacterial
biofilms are complex, diverse communities of bacteria embedded
in a self-produced extracellular matrix.1 Biofilms form as hetero-
geneous 3D structures, attached to a surface, with varying composi-
tions. They contain bacterial cells, proteins, lipids, lipoproteins,
nucleic acids, and polysaccharides like cellulose.2–4 These structures
have different microenvironments, which vary in pH, oxygen
concentration, and metabolic activity.5 Their nature makes them
more resistant to antibiotics, disinfectants and other stresses versus
planktonic cells.6 They cause widespread issues in different envir-
onments, leading to significant financial consequences.7 Biofilms
cause up to 80% of all infections in healthcare. They are a major
factor in those infections associated with medical devices.6,8–11 The
bacteria that cause infections in humans most often are known as
ESKAPE. This includes Enterococcus faecium, Staphylococcus
aureus, Klebsiella pneumoniae, Acinetobacter baumannii,
Pseudomonas aeruginosa, and Enterobacter species.12 S. aureus is
the most common cause of implant-related infections, followed by
P. aeruginosa.13

As antibiotic resistance in pathogens is on the rise, identifying
them before treatment is vital.14 Rapid detection and characterization
of such an infection is crucial, it enables effective intervention with
the right antibiotic.14 Biofilm related infections are difficult to
diagnose, with laborious, invasive, and time-intensive sampling
and culturing methods as current standard practices.15 Bacteria
from biofilms can have slower growth rates, which may cause false
negatives if they are not detected after the usual 48 h growth
window.16–18 More advanced tests use molecular detection techni-
ques, which destroy the original sample.18 On top of these issues, the
above-mentioned methods are not real-time and not biofilm-specific.

Any novel detection method should be able to detect and distinguish
between these species, as well as be safe for use in vivo. To
conclude, there is a clear need for a fast, safe, easy, and affordable
detection method that is reliable and miniaturiseable.

Several innovative techniques have been proposed recently.
Hyper-spectral imaging can, for example, determine the microbial
composition of a biofilm.19 Chemical techniques such as MALDI-
TOF mass spectrometry (MS) can be used to distinguish between
biofilm and planktonic cells.20 However, these methods require
expensive and large equipment, training, calibration, can lack
specificity, and cannot be applied in vivo.11,15,21,22 Another example
uses a heatable capacitive sensor structure (CSS) to detect biofilms
via their dielectric properties, which can differentiate between
inherent moisture (abiotic) and biofilm (biotic). They are, however,
sensitive to noise and interferences.23,24 Finally, acoustic sensors
have been employed for biofilm detection in water pipes, providing
real-time detection.25 They can however only detect biofilms of a
certain thickness and are affected by the surrounding material. Both
of these last examples cannot be implemented in vivo due to the
necessary heating and possible distortions of the signal. Here, we
propose EIS as a valuable alternative.

EIS sensing using iridium oxide electrodes.—Electrochemical
impedance spectroscopy (EIS), combined with dedicated electrodes,
is a promising technique for in situ, real-time biofilm detection. EIS
is widely used as it is a relatively simple electrical method (i.e. a
sinusoidal perturbation to the system), it can be automated, and the
obtained information is dense, allowing the extraction of charge
transfer properties between electrodes and fluids. It is a safe method,
with bioimpedance measurements commonly used to monitor body
composition.26 Biofilm detection using EIS has been demonstrated
with various sensors, often featuring interdigitated gold electrodes,
in static or dynamic setups,27–31 and sometimes with sensitivity-
enhancing polymer coatings like PEDOT-PSS.32,33zE-mail: Maaike.OpdeBeeck@imec.be
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Miniaturization of electrodes in microelectrode arrays further
enhances detection by providing spatially resolved data that reveals
biofilm heterogeneity and aids classification, which increases their
potential for use in vivo.34,35 However, the high interfacial im-
pedance of gold electrodes at sub-millimeter scales inhibits their
application for biofilm detection. Our previous work addressed this
limitation by using Titanium Nitride (TiN) as an electrode material,
due to its low interfacial impedance with respect to common
alternatives such as platinum and gold.36,37 While effective in
biofilm detection, the TiN electrodes proved problematic during
cleaning and disinfection due to their porous and columnar structure,
hence TiN electrodes are unreliable for repeated use. To overcome
this, we propose Iridium Oxide (IrOx) as an alternative. IrOx
microelectrodes offer low interfacial impedance when used in fluids,
fabrication compatibility with standard cleanroom processing, and
can be cleaned well, making them suitable for repeated usage.

Iridium oxide is a commonly used electrode material in several
fields. Iridium oxide films can be fabricated using various methods,
resulting in different properties, tailored to specific applications.38

For instance, IrOx is extensively employed in pH electrodes due to
its redox sensitivity to H+ concentration and its fast response.39–43

Multiple publications have detailed the manufacturing, calibration,
and application of iridium oxide pH sensors for use in biofilm
research.42–44 Dexter et al. for example successfully implemented
them to determine pH profiles, detailing variations within natural
marine biofilms.45

While pH sensors are simple and straightforward, they only
provide information about the acidity/alkalinity of the biofilm
environment. By measuring resistive and capacitive properties, EIS
offers a more complete picture of the biofilm’s electrochemical
characteristics. This includes details on the electrode-biofilm inter-
face, biofilm conductivity, and overall structure. Additionally, it
provides information about the medium above the biofilm, con-
taining cells and metabolites, which influence conductivity. Another
existing application of IrOx electrodes is their use in neuronal
implants like deep brain stimulation (DBS) hardware.46 To further
emphasize their potential for use in biofilm detection, an increase in
impedance in DBS electrodes has been described as an early
indicator of bacterial infection.47

In this work, a Sputtered IRidium Oxide Film (SIROF) was
selected, being compatible with standard microfabrication. SIROF is
chemically and mechanically stable in aggressive environments such
as the human body and has a low interfacial impedance in saline
solutions. SIROF is usually deposited as an amorphous and
anhydrous film through reactive sputtering, and a wide variety of
sputtering strategies have been proposed in literature. As an
alternative, a porous Activated IRidium Oxide Film (AIROF) can
be formed on top of metallic iridium upon potential cycling in saline
solutions or aqueous acids.48–50 Despite the differences between
SIROF and iridium regarding the initial stoichiometry, potential
cycling in physiological saline solutions has also been shown to be
beneficial for SIROF layers, which can be morphed into oxy-
hydroxides of non-compact nature.51 The need for pre-emptive
cyclic voltammetry to optimize electrode characteristics of anhy-
drous SIROFs has been widely addressed51–59 and is especially
crucial for the SIROF films used for biofilm detection, due to the
need for a low electrode impedance. However, to the understanding
of the authors, no systematic test has been performed to show the
impact of the scan rate used during preemptive potential cycling
(pre-cycling) on the final state of the electrodes. Therefore, in this
paper, we investigate the impact of the scan rate on microelectrode
impedance reduction.

Secondly, the biofilm detection possibilities of SIROF electrodes
using EIS are investigated. Toward this end, we studied S. aureus
and P. aeruginosa biofilms, two healthcare industry relevant
bacterial species. We conceptualized an optimization process for
the electrodes’ preparation (pre-cycling), and have provided a
tangible proof-of-concept for their application to detect and differ-
entiate between these bacterial species’ biofilms.

Experimental

SIROF sensor design and fabrication.—Devices for biological
experimentation.—The fabrication of sensors for biofilm character-
ization was performed on 2-inch squared borosilicate glass sub-
strates. To start, the substrates were patterned with AZ® nLOF2070
negative photoresist (Microchemicals), followed by DC-sputtering
of 15 nm titanium/160 nm platinum, which was then selectively
lifted-off to create pads and interconnections. Next, 300 nm SiO2

was deposited using PECVD (Oxford Plasmalab® 80Plus), and
openings were made at the pads and at the electrodes sites through
reactive ion etching. Finally, 15 nm titanium/70 nm iridium oxide
was DC-sputtered to form the electrodes, using the same lift-off
process that was employed for platinum. Both platinum and SIROF
were DC-sputtered with a Leybold Z550 sputtering system (Leybold
GmbH, Germany). Argon was used as inert gas for both deposition
steps, O2 was used as reactive gas for SIROF. Further comments on
the chemical composition of the SIROF layers can be found in the
Supplementary material.

To gain insights into the impact of electrode design on biofilm
detection, a wide variety of electrode sizes and shapes was used.
On each sample, 12 microelectrodes with geometrical surface areas
(GSA), being 12 000 µm2 (GSA-5), 26 000 µm2 (GSA-4),
45 000 µm2 (GSA-3) and 260 000 µm2 (GSA-2) were fabricated.
For each GSA group, three electrode shapes are patterned: a square,
a circle, and a rectangle with a 4:1 length-to-width ratio. Finally, two
1 mm2 squared electrodes were also included in the design (GSA-1)
to test macro-electrodes for biofilm detection. An overview of the
biofilm sensor is shown in Fig. 1 and the corresponding GSA groups
are summarized in Table I. Having rough estimates of the thin film
resistivity of in-house platinum films (∼200 nΩm), platinum inter-
connects were sized so that their electrical resistance would be less
than 7 % (1/15) of the expected electrolyte resistance for each
electrode in PBS at room temperature.60,61

Pre-cycling optimization devices.—Although preliminary electro-
chemical considerations were already made with the samples
dedicated to biofilm detection, a separate set of devices was
appointed to streamline validation and identification of effective
pre-cycling protocols. These pre-cycling test devices followed a
different fabrication process, i.e. a simplified version of the process
described in earlier work by the authors62 adapted for planar devices
(i.e. no encapsulated CMOS chip). Silicon oxide was replaced by the
combination of RIE-patterned polyimide (PI2610 and PI2611 from
HD microsystems) sealed by the addition of wet-etched ALD layers
(combination of aluminum and hafnium oxide deposited with an

Figure 1. Biofilm sensor before usage for biofilm detection and schematic
cross-section (not in scale).
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Ultratech Savannah S200 G2 system). Plated gold was used for the
interconnects. 15 nm titanium/70 nm platinum layer was sputtered
just prior to SIROF deposition to replicate the same stack of
materials as for the samples for bacterial testing. For this test device,
10 identical electrodes with geometrical surface areas (GSA) of
32 500 µm2 and rounded rectangular shape were patterned. Since the
SIROF fabrication was exactly the same for the biofilm sensors and
the pre-cycling test devices, both devices exhibited nearly identical
behavior.

SIROF characterization and pre-cycling optimization.—
Electrochemical setup.—After fabrication, all SIROF electrodes
were immersed in unstirred, air-equilibrated Dulbecco’s Phosphate
Buffered Saline (D-PBS; Sigma-Aldrich, United States) for electro-
chemical pre-cycling and characterization of the electrodes. The
electrolyte was at room temperature (between 19 and 23 °C). Both
pre-cycling and characterization were performed with a commercial
potentiostat (VSP model with a low-current option, BioLogic,
France) connected to a 10-channel benchtop multiplexer (Keithley
7002 switching mainframe equipped with a Keithley 7158 low-
current switching card) and in a 3-electrode configuration, using Ag/
AgCl reference electrodes and a platinum grid as counter. Custom
PCB adapters were produced to enable electrical connections
between the devices with SIROF electrodes and the multiplexer
inputs. All measurements were performed inside a Faraday cage.

Pre-cycling optimization.—Pre-emptive cyclic voltammetry is
required to convert SIROF into a low-impedance oxy-hydroxide.
This pre-cycling is also called activation. For all samples, a voltage
window of -0.6 V to 0.8 V vs Ag/AgCl was selected based on pre-
cycling protocols reported in literature.51,52,54,55,59 Before and after
pre-cycling, the impedance of each electrode was recorded at its
open circuit voltage, using a 10 mVp sinusoidal as AC input voltage
and [0.3; 100000]Hz as frequency measurement range.

For pre-cycling optimization devices, cyclic voltammetry at 7
different scan rates (0.01 V s−1; 0.05 V s−1; 0.25 V s−1; 1 V s−1;
5 V s−1; 25 V s−1; 100 V s−1) was performed until a near-asymptotic
behavior was reached. The assessment of near-asymptotic behavior
is explained in the results Section of this paper. Under the stated
conditions, the impedance recorded after pre-cycling is assumed to
be the minimum attainable for a set scan rate value. To improve the
test accuracy, the pre-cycling tests for each scan rates are performed
5 times, starting each time with pristine equally-sized electrodes.
The significance of the differences among the impedance curves
obtained for the 7 scan rates under test was assessed by performing a
t-test on each available frequency value across all curve pairs.

Biological experiments.— Sample preparation for biological
experiments.—To prepare the devices for use, a custom rectangular
glass well was adhered to the sensor surface to encompass all
electrodes (see Fig. 1) using a biocompatible 2-component epoxy
(Loctite® EA3430 epoxy adhesive; Henkel, Germany). The epoxy
was cured at 60 °C for 1 h, after which the wells were washed
thoroughly with demineralized water and dried. All electrode
impedances were verified in Phosphate Buffered Saline (GibcoTM

PBS, pH 7.4; Fisher Scientific, Belgium) using EIS measurements.
Prior to use, the samples were conditioned using UVO3 (15 min)
(Jelight Company Inc.., United States) and sterilized using ethanol
70% (15 min). Sensors were then incubated overnight at room
temperature with sterile Tryptic Soy Broth (TSB, Becton,
Dickinson and Company, United States) growth medium to allow
the baseline impedance to stabilize. All impedimetric responses were
then again evaluated, which is used as a reference measurement.
After this the samples were ready for bacterial inoculation.

Bacterial cultures and biofilm formation.—Overnight cultures
(ON) of Staphylococcus aureus SH1000 and Pseudomonas aeru-
ginosa PA14 were grown in Luria-Bertani (LB, VWR
International, United States) broth (37 °C, shaking at 200 rpm).

The optical density (OD; 595 nm) was adjusted to 0.32 (≈3.2×
108cells ml−1). ON cultures were centrifuged (3 min, 6000 rpm)
and reconstituted in PBS twice. Next, the culture was diluted 1:100
in TSB. The sensor device wells were filled with 3000 µL of the
diluted cell suspensions and statically incubated at 37 °C to allow
biofilm formation. After 48 h of incubation, the medium was
carefully removed and refreshed to provide new nutrients, allowing
further biofilm growth over an additional 48 h. This experiment
was performed in triplicate, using different ON cultures for
inoculation in each repeat. After each experiment, the sensors
were cleaned with a 1% solution of enzyme detergent (Tergazyme,
Alconox USA) and incubating at 37 °C.

Experimental EIS measurements of biofilms.—An Ivium poten-
tiostat (Ivium Technologies, the Netherlands) connected to a multi-
plexer (MUX) was used to sequentially measure all 14 electrodes on
sensor devices. The IviumSoft app was used to measure the open
circuit voltage and program the appropriate AC input voltage
(20 mVp) and 31 frequencies (ranging from 1 Hz to 100 kHz).
Sensor devices were measured using custom connectors produced
in-house (imec, Belgium) on a bench top at room temperature. An
external large Pt electrode was used as a reference, with the counter
shorted. Baseline measurements were taken of the sensor containing
sterile TSB (Reference), directly after the addition of the bacterial
cultures (T0) and subsequently after 24 , 48 , 72 and 96 h of
incubation. At the 48 h time point, the impedance was measured
before and after the medium renewal (referred to as ‘48 h Spent’ and
‘48 h New’). Prior to each measurement, the sensors were removed
from the incubator and placed at room temperature for 15 minutes to
allow temperature stabilization.

Data analysis.—The EIS data was manually checked for outliers.
The impedance magnitude ∣ ∣Z , and the real and imaginary compo-
nents were normalized versus the reference (sterile TSB) for each
individual electrode [( − )/ ]·T T T 1001 0 0 in order to remove any
influence of sensor variability. The phase shift, ΔP, was calculated
by subtracting the phase at the reference measurement from other
time points (ΔP= P1 − P0). Data was grouped according to
electrode size (see Table I and subsequently transformed using
Principal Component Analysis (PCA), a statistical technique used to
reduce the dimensionality of data while retaining most of its
variability. PCA reduces the complexity of frequency-dependent
impedance data, which helps distinguish between different bacterial
biofilms based on their electrical impedance spectra. Median
parameters were calculated and plotted using Python to evaluate
spectrum changes over time. The median log transformed and
normalized ∣ ∣Z change at 10 Hz and the median ΔP at 1.5 kHz
over time were then portrayed using a heatmap, with annotated
significances (P<0.05) as determined using a Wilcoxon signed rank
test. Both frequencies are selected based on a clear indication in the
EIS data of biofilm and medium effects, respectively. Lastly,
maximal differences between both bacterial impedance spectra
were determined within a lower frequency range for ∣ ∣Z and a
higher frequency range for ΔP. Significant differences were
determined using a Mann-Witney U test and again annotated using
asterisks on a heatmap.

Table I. Electrode grouping by geometrical surface area.

Group Electrodes Total area, µm2

GSA 1 1,14 1.0 × 106

GSA 2 6,7,8 260 × 103

GSA 3 9,10,11 45 × 103

GSA 4 3,4,5 26 × 103

GSA 5 2,12,13 12 × 103
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Results and Discussion

SIROF pre-cycling and cyclic voltammetry.—Prior to usage, the
as-sputtered SIROF electrodes required repeated potential cycling
while being immersed in PBS. Typical changes in voltammograms
during pre-cycling are shown in Fig. 2a. The voltammograms show a
prominent anodic current peak at 0.2 V versus Ag∣AgCl, related to
the IrIII → IrIV redox reaction as is previously reported for both
AIROF and SIROF,48,63 highlighting a continuous exchange of
protons or hydroxide ions with the electrolyte, tentatively attributed
to the redox reaction in Eq. 1.64

( ) + + ↔ ( ) [ ]−
+ −IrO OH xH xe Ir OH 1x n x n

However, the current peak at 0.2 V is hardly visible in the initial
voltammograms. This is related to the film composition directly after
sputtering and is further discussed in the Supplementary material.
Furthermore, the redox current peaks and the Charge Storage
Capacity (CSC), i.e. the integral of the absolute current for each
cycle, increase upon pre-cycling, which is likely evidence of
progressive hydration of the SIROF films. As clearly seen in
Fig. 2, the curent peaks and the CSC grow in a monotonic manner
in subsequent voltammograms until a final -asymptotic- shape is
reached.

In theory, the pre-cycling treatment is finished when this
asymptote is obtained, although it might often result in an
unnecessary long duration of the pre-cycling. Wessling et al.51

reported that they morphed a full SIROF layer (350 nm thick, RF-
sputter protocol with virtually zero metallic iridium) into an
hydroxide by using a slow pre-cycling protocol (voltage sweep at
50 mV s−1, using a window of -1.1 V to 1.3 V versus Ag∣AgCl). The
morphology changes across the whole SIROF thickness, but
Wessling needed a pre-cycling of ∼53 h, which is long and thus
impractical. Full conversion of the SIROF film was not achieved
with excessively brief protocols. Using faster voltage scan rate might
be an easy way to speed up the pre-cycling, although we were
wondering whether a faster scan speed would also influence the
depth of the SIROF being converted into an hydroxide, and whether
it would influence the reduction of the interfacial impedance which
is obtained after complete pre-cycling. In literature, we found reports
about scan rates in the 0.05V s−1 to 2.8 V s−1 range for SIROF
potential cycling prior to usage.51–59 We decided to investigate a
wider window: scan rates ranging from 0.01V s−1 to 100V s−1 are
studied in this paper.

Before discussing how various pre-cycling scan affect the final
electrode impedance, we will first explain how we determine the end
point of a pre-cycling treatment. We chose to monitor the evolution
of the IrIII → IrIV anodic current peak, as detailed in the
Supplementary material. Consequently, the magnitude of the anodic

current peak was determined during the total pre-cycling treatment.
To avoid the influence of some experimental inaccuracies, a fit of the
current peak values was determined using a shifted 4-point logistic
function. The current peak values for the first 75 cycles were always
excluded to avoid instabilities. As the slope of the fitted function
decreases as the SIROF comes closer to its final converted state, the
derivatives of the fitted function are calculated and used for end
point detection. Since all derivatives of the fitted current peaks with
respect to cycle number rapidly decreased to values in the same
order of magnitude while progressing toward an asymptotic state, a
unique threshold of 3× 10−5 mA cm−2 was visually determined and
set as a strict end-point criterion for pre-cycling. An example
illustrating the use of the described end point criterion is shown in
Fig. 3b. Here, a derivative value of 3× 10−5 mA cm−2 corresponds
to a peak current value that is just 2 % lower than the value observed
2 h after the criterion was met. The decision of excluding the first
cycles from the fit doesn’t constitute a major limitation, since a near-
asymptotic state is never reached so early.

Additionally, the shape of the voltammograms is clearly influ-
enced by both the SIROF thickness and the as-sputtered stoichio-
metry, which is strongly related to the sputter conditions.40 Different
conditions may result in SIROF films containing different relative
amounts of Irx+ species (x>0), some films include appreciable
quantities of metallic iridium (Ir0) after sputtering65 and others show
negligible amounts.51 Hence, the protocol used to determine the end
point of the pre-cycling treatment might differ if other sputter
processes are used, since this will result in other shapes of the
voltammograms.

SIROF impedance.—To gain a deeper insight in the relation
between obtained SIROF impedance and pre-cycling, the impedance
of electrodes in PBS is studied during cycling. For about 20
electrodes the impedance was determined every 120 cycles of the
total pre-cycling process (scan rate 250 mV s−1, as shown in Fig. 2b
for a 46 000 µm2 electrode. As expected, the impedance magnitude
dropped during the pre-cycling in PBS for all electrodes.
Interestingly, the decrease in impedance happens fast and only
small remaining improvements are made in the final stage of the pre-
cycling process. Further comments on why the impedance itself was
not used as end point for pre-cycling are given in the Supplementary
material.

SIROF pre-cycling optimization.—In this work, the direct
impact of pre-cycling scan rate on electrode impedance was assessed
by recording the impedance of equally sized-electrodes after
extensive cyclic voltammetry at scan rates ranging from 0.01V s−1

to 100V s−1. Impedance changes due to pre-cycling at different scan
rates are shown in Fig. 4. Positive t-test results reveal a significant

Figure 2. (a) Changes in CV response of a 70 nm-thick SIROF upon potential cycling between −0.6 V and 0.8 V vs. Ag∣AgCl. (b) Changes in electrode
impedance after potential cycling while approaching a steady state.
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difference among all impedance magnitude curves, with the excep-
tion of 25V s−1 versus 5V s−1, as seen in Fig. 4.

A general remark on the impedimetric behavior of IrOx
electrodes is warranted before delving into the impedance results
for various scan rates. The typical decrease in impedance observed
upon pre-cycling of iridium oxide electrodes is clearly in contrast
with the behavior of standard metal electrodes in saline solution,
since typical metal electrodes exhibit a constant capacitive behavior
at low frequencies, commonly represented by a double-layer
capacitance of approximately 20μF cm‒2.66 IrOx electrodes are
known to exhibit a pseudocapacitive behavior,67,68 which means that
typical IrOx reactions (such as Eq. in 1), despite being faradaic in
origin, are highly reversible and hence artificially increase the
equivalent capacitance at the electrode interface. This type of
capacitive behavior is dependent on the electrode material as well
as the electrolyte, as it is related to charge exchange at the interface
between fluid and electrode. It is therefore addressed as “interfacial
impedance”. At very high frequency, this interfacial impedance
becomes negligible and the main contribution to the electrode
impedance is given by the electrolyte resistance, which is purely
dependent on the electrolyte composition and electrode
geometry.60,61 Further details on the interfacial impedance can be
found in the Supplementary material, where equivalent circuit
modeling of the IrOx electrodes is described.

When looking at the impedance results for various scan rates in
Fig. 4, we see that the impedance at the highest frequencies is very
similar for the different scan rates. This is logical, since the
impedance at high frequencies is mostly dependent on the electrolyte

resistance, which is purely affected by the state of the electrolyte and
is independent of the pre-cycling conditions. The small variability
for each group which exists between the various scan rates can be
attributed to the influence of the varying temperature and PBS
evaporation on electrolyte resistivity at the time of each measure-
ment.

For lower frequencies, the influence of the scan rate on
impedance is very obvious: a lower scan rate is beneficial regarding
the final obtained reduction in interfacial impedance. As the
improvement in electrode impedance with pre-cycling is linked to
hydroxide conversion,51 the dependence of impedance on scan rate
seen in Fig. 4 suggests that conversion of the SIROF film into a
hydroxide is only taking place in the top part of the SIROF film and
the thickness of this top part is increasing with lower scan rate. A
possible explanation for the reported behavior is that density,
morphology, and/or stoichiometry of the as-deposited layer hinders
ion transport through the SIROF film at higher scan rates, just
because there is insufficient time during 1 scan cycle for ions to
reach the bottom on the SIROF film and cause hydroxide conver-
sion. Because of the lower scan rate, also deeper located iridium in
the film can be converted to its hydroxide state.

Based on the end point criterion that we previously discussed, the
estimated duration of the pre-cycling process for each scan rate is
determined and plotted in Fig. 5. It should be noted that for the
lowest scan rate value, i.e. 10 mV s−1, the end point criterion was
not met after 3 days of pre-cycling, therefore an extrapolation was
required. Even though the lower scan rates achieve greater reduc-
tions in interfacial impedance (as seen in Fig. 4), the total duration of

Figure 4. Impedance changes due to potential cycling in PBS between -0.6 V and 0.8 V versus Ag/AgCl using scan rates in the 0.01V s−1 to 100V s−1 range.

Figure 3. (a) Changes in CV response of SIROF after 1500 cycles at 250 mV s−1 between -0.6 V and 0.8 V versus Ag/AgCl. (b) Change in anodic current peak
during cyclic voltammetry at 250 mV s−1. The circle indicates how at about 800 cycles (i.e. 2.5 h) the end point criterion for pre-cycling is met.
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pre-cycling needed with lower scan rates becomes excessively long
(Fig. 5). For practical applications, a balance can be achieved by
either pre-cycling at a moderate scan rate until the end point is
reached or using the lowest scan rate with a more relaxed end point
threshold to shorten the process. While neither approach achieves
the maximum impedance reduction, both provide substantial im-
provements.

Such a compromise was made for the sensor devices applied to
study the bacterial biofilms. The 250 mV s−1 protocol was deemed
to yield an acceptable impedance. As the impedance was showing
limited changes before the end point criterion was met (see Fig. 2b),
the duration of the protocol was further shortened from 800 cycles to
600 cycles, resulting in 2 h of continuous potential cycling for each
electrode.

In theory, another alternative exists to reach very low electrode
impedance after a shorter cycling duration: starting with less
anhydrous as-sputtered films, hence films which are closer to a
desirable electrochemical state will result in a shorter cycling
duration. This can be realized by the use of dual-reactive sputtering
with H2O or H2 as additional feed gases.55,69–73 However, water
vapor in sputter tools is commonly regarded as a source of process
variability, and its presence is therefore minimized in most sputter
tools.74 Moreover, proper handling of H2 feed gases requires far
greater safety measures if compared to O2, especially for high-
throughput sputtering systems, making H2 less common as a feed
gas.

Sensor implementation.— Sensor performance.—The imple-
mentation of the sensor for biofilm detection started by its prepara-
tion, as described in materials and methods, hereafter referred to as
’ring gluing’. Although electrode impedance was always recorded
after pre-cycling, the stability over time of electrode impedance was
deemed a possible concern. Before performing impedance measure-
ments with biofilms, additional sanity checks in PBS were per-
formed, as described in the 'Sensor implementation’ section of the
Supplementary material.

Additionally, we investigated the influence of electrode cleaning
after biofilm detection. This is especially important in in vivo or
in situ applications, where a sensor with an easily fouled or difficult
to clean electrode could make biofilm removal through antibiotic
treatment even more challenging. In Fig. 6, the typical impedance in
PBS and TSB is shown before first usage as biofilm sensor, and after
usage and cleaning. The minor variations in impedance measure-
ments prove the reuseability of our SIROF electrodes. It is also clear
that the impedance drastically changes after biofilm maturation on
top of the electrodes, which will be discussed further in the next
section.

Bacterial biofilm characterization over time.—We used S. aureus
and P. aeruginosa as model organisms for biofilms formed in the
medical field. To recap, the sensor well was filled with TSB after
which the baseline impedance was measured (Reference). After this,
the diluted cell suspensions in TSB were added. As the bacteria
attach to the surface, proliferate and produce matrix, the impedance
spectrum changes. After 48 h of incubation, the medium was
carefully replaced. EIS measurements were performed directly after
inoculation (T0), after 24 h and 48 h of incubation, a second time at
48 h but directly after medium replacement (called ‘48 h New’), and
further after 72 h and 96 h of incubation. The normalized impedance
plots for both bacteria over all time points are shown in Fig. 7 for the
GSA 2 electrode subset.

Clear changes in normalized ∣ ∣Z (Figs. 7a and 7c) and Δp
(Figs. 7b and 7d) were observed with increasing incubation time for
both bacteria. As biofilms are complex and irregular structures, a
non-negligible standard deviation (shown as shaded area around
each line) was found for each time point. Interestingly, the
inoculation (T0) affects the impedance, showing notable variability
that differs from subsequent trends. We observe a ∣ ∣Z increase in
lower frequencies (LF, between 1 and 100 Hz), and a decrease at
higher frequencies (HF, around 1× 104 Hz).

As has been described previously in numerous publications, the
increase in ∣ ∣Z LF can be attributed to biofilm growth.32,33,75–88 As

Figure 5. (a) Time to reach steady state of the anodic current peak during cyclic voltammetry of SIROF (value at 10 mV s−1 scan rate is extrapolated).
(b) Magnified Section from (a). 250 mV s−1 is selected as a practical compromise.

Figure 6. Typical changes in impedance upon usage for P. aeruginosa
biofilm detection. Reference impedance in PBS and TSB shown on first
usage and after ethanol cleaning.
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bacteria attach to the surface, proliferate, and produce matrix
compounds, the biofilm grows into a larger 3D structure. This
structure influences the electrochemical properties at the electrode
surface, affecting the impedance at LF. The increase in interfacial
impedance is believed to be caused by the full coverage of the
electrode surface by the mature biofilm. As a consequence, the active
area of the electrodes available for charge exchange with the
electrolyte is diminished. A mature biofilm can act as a physical
barrier between electrode and electrolyte, effectively blocking the
current.34

The impedimetric responses of the electrodes after biofilm
growth were modelled using the ECM as described in the
Supplementary material. We compare the parameters extracted in
PBS and sterile TSB with those obtained after biofilm formation.
The elements observed at lower frequencies were modeled as CPEdl

(electrostatic double layer capacitor), Cφ (capacitance related to
IrOx-specific faradaic-reaction-like processes) and Rct (faradaic
resistance to charge transfer). Only CPEdl parameters Q and α
show a clear trend during biofilm growth (Fig. S7). Q decreases
during biofilm growth for both bacteria, whereas α decreases for P.
aeruginosa, but has a more variable change for S. aureus. Both
parameters shift closer to reference values at 48 h New for P.
aeruginosa, which is not seen in the S. aureus data. A more in depth
description of the changing parameters can be found in
Supplementary material.

Impedance changes in the higher frequencies have long been
described as arising from the resistance of the bulk solution
(Rsol).

29,30,34,35,75,76,81,86,87,89–106 The decrease in impedance at HF
can be interpreted as bacteria metabolizing low-conductivity sub-
strates into smaller, highly charged molecules. This causes an
increase of ionic strength in the medium, and thus a decrease in

Rsol (see Fig. S8).75,107 It is important to note that the ionic
composition of the medium within a distance similar to the electrode
size is crucial, as it largely determines measured electrolyte
resistance.60,61

To quantify the change in impedance over time, the log
transformed and normalized ∣ ∣Z medians at LF (10 Hz) (see
Figs. 8a and 8b) and the ΔP medians at HF(1.4× 103 Hz) (see
Figs. 8d and 8e) were visualized using a heatmap (with * indicating
P<0.05). Both bacteria show a significant difference in impedance
after 24 h in Δ∣ ∣Z and ΔP. The medium renewal at ’48 h New’
lowers the impedance, effectively removing any significant change
previously measured for P. aeruginosa. For S. aureus, the measure-
ment at 48 h with renewed medium still results in a significant
change.

We observe an influence of the electrode sizes on their sensitivity
to changes caused by biofilm growth when considering GSA 1 and 2
(largest electrodes), which exhibit larger differences earlier on and
throughout in Δ∣ ∣Z . Even though GSA 5 (smallest electrode) seems
to not be able to confidently capture surface-related impedance
changes, it does measure differences in the medium (ΔP). Generally,
significant changes over time are more clearly observed in ΔP. GSA
3 and 4 show significant changes for P. aeruginosa, but fall short at
later time points for S. aureus. Here, it is possible that this change is
caused by a detachment of the biofilm in that area.

Bacterial biofilm differentiation.—To determine whether the
SIROF electrodes can distinguish between both species, we inves-
tigated the difference in Δ∣ ∣Z at LF and ΔP at HF between the
bacteria, for each electrode group over time (see Figs. 8c and 8f
respectively). Differences between the bacteria are significant after
24 hours in ∣ ∣Z LF as well as ΔP HF. Interestingly, even the smallest

Figure 7. Normalized impedance over time for P. aeruginosa Δ∣ ∣Z (a) and ΔP (b) and S. aureus Δ∣ ∣Z (c) and ΔP (d) for GSA 2 electrodes.
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electrode size (GSA 5) is able to capture the difference at LF as well
as HF. No differences were observed between bacteria at ‘48 h
New’, this time point also failed to capture a difference versus the
reference in P. aeruginosa.

There are some notable differences between these bacteria that
could influence this disparity. P. aeruginosa produces pyocyanin, a
redox-active phenazine, which influences the biofilms architecture
and has been described to have a distinct electrochemical
signature.27,108 Pyocyanin facilitates electron transfer between the
electrode and bacterial cells, which increases the overall conduc-
tivity at the biofilm-electrode interface. Ward et al. identified this
metabolite in the supernatant above P. aeruginosa biofilms, and
reported a specific reduction in impedance within the 10 -100 Hz
range.108 Interestingly, we observe changes in the same frequency
range. Additionally, Ward et al. found a much smaller reduction in
impedance for a mutant P. aeruginosa strain unable to produce
pyocyanin, indicating its significant contribution to Δ∣ ∣Z .

P. aeruginosa biofilms often display a mushroom-like, structured
architecture with voids and channels for nutrient flow,109 with a
hydrophilic and negatively charged matrix.110 It is possible that the
renewal of the medium at 48 h, even though executed carefully,
removes a large part of the mushroom-like biofilm structure of P.
aeruginosa, therefore causing a decrease in impedance and shift
closer to reference values. S. aureus biofilms are usually more
densely packed and less structured. Here, the medium change could
affect the biofilm less, thus causing less of a change in impedance.
The largest differences between both biofilms (from ∣ ∣Z LF) were
found at 48 h, 72 h and 96 h for GSA 3. While GSA 1 and 2 (larger
electrodes) may be more sensitive to changes in impedance over
time, it is possible that they fail to capture differences in biofilm
microenvironment necessary for classification at later time points.

There has been extensive research on P. aeruginosa detection,
specifically though these above-mentioned metabolites, imple-
menting various methods.111–118 Our proposed technology has a
broader application, which is important for its potential to be
implemented outside of the lab environment. These two species
selected as model organisms are vastly different in their phenotype.

If different species or even subspecies that are more similar to each
other are selected to be grown on these electrodes, this classification
will become more and more difficult. Further experiments consid-
ering additional healthcare relevant species and subspecies could
determine if the electrodes are sensitive enough to capture smaller
differences or identify specific pathogens in a multispecies biofilms.
As previously demonstrated by Van Haeverbeke et al.,35 there is
potential in the use of predictive decision tree ensemble classifiers
for bacterial classification up to a subspecies level.35 Feeding
impedimetric data of biofilms on the SIROF electrodes into such a
predictive model could, after extensive model training, therefore
facilitate their identification. Additionally, as demonstrated by
Sheybani et al., there is benefit of combining multiple sensing
methods for an increased accuracy.80 Their implementation of a
combined EIS and pH sensor for the detection of wound bacteria is
especially interesting, since IrOx is a material frequently used in pH
sensors.

PCA of biofilm EIS data.—To gain a more in depth understanding
of the overall influence of the biofilm growth on the impedance and
to capture trends in the dataset, we performed a PCA. This
encompasses the full frequency spectrum of log transformed and
normalized ∣ ∣Z , Zim, Zre and Phase over time (See Fig. 9). The data
points in the scatter plot represent data for P. aeruginosa in red and
S. aureus in blue, in a range of hues to portray time points and
differentiated by marker style for each electrode group. The first
principal component (PC1) explains 88.82% of the variance, the
second one (PC2) captures 4.93%, collectively representing 93.7%
of the total variance. The highest contributor to both PCs is the phase
between 1× 103 and 1× 104 Hz, followed by a much lower con-
tribution of Zim for PC1 and Zre for PC2. We observe two clear
clusters, overlapping around zero and diverging over both axes
(corresponding with both color groups). Secondly, we note clus-
tering between the different markers, representing the different
electrode sizes.

PCA plots are effective ways to portray complex impedance
datasets and are often used to facilitate the distinction between

Figure 8. Median impedance for electrode groups over time for P. aeruginosa (reds) and S. aureus (blues), with normalized Δ ∣ ∣log Z at 10 Hz (a and b) and ΔP
(d) at 1.4 × 103 Hz for (d and e). Maximal difference in impedance between bacteria (Δn =Δ1 −Δ2) (greens), showing normalized Δ ∣ ∣log Z n (c) and ΔPn (f).
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different (biological) materials.119 From this PCA, we can determine
that there is some relation between the electrode size and the
differentiation between bacteria and time points. Most notably, the
largest differences can be seen for the largest electrodes (GSA 1,
shown as dots in Fig. 9). As the electrode size becomes smaller,
markers shift closer together and overlap, meaning they are increas-
ingly similar in their impedimetric fingerprint. This culminates in
GSA 5 (diamonds), for which all points are conglomerated around
zero. This visual observation is confirmed when we determined the
PCA scores per electrode group, where GSA 1 and 2 contribute
the most to the variance. Additionally, we see a difference in the
influence of electrode size between both bacteria. P. aeruginosa is
clearly measurable over time using GSA 1, 2, 3 and 4. For S. aureus,
only GSA 1 and 2 seem to capture the variance between time points.

Additionally, the markers for ‘48 h New’ generally shift closer to
zero for all electrode sizes. This change seems to be more
pronounced for P. aeruginosa, indicating the importance of the
metabolized medium for their detection. For S. aureus, even though
only the larger electrodes can distinguish clearly between the time
points, the ‘48 h New’ shift toward zero is less severe. The
importance of the phase around 4× 103 Hz in the PCs indicates
that the medium above the biofilm is actually the most important
feature to detect the presence of bacteria and distinguish them, which
further explains these shifts in ‘48 h New’.

This spatial distribution in the plot can be connected to earlier
conclusions, as we observed larger changes in impedance for GSA 1
and 2. Secondly, the shift in impedance after medium renewal was
also visible in Fig. 8. These observations spark interest as well as
additional questions. As the phase around 4× 103 Hz is the most
important feature and there is a clear shift at 48 h New, it’s important
to consider that the medium’s presence, containing metabolites that
can be specific to certain species, contributes significantly to their
characterization.

Conclusions

In this work, we show not only that the interfacial impedance of
pristine SIROF electrodes decreases significantly after potential
cycling, but also that the selected scan rate has a strong impact on
the final result. We can conclude that lower scan rates will result in a

lower electrode impedance. However, for the fabricated SIROF
electrodes in this work, the lowest impedance achievable was tied to
extremely long pre-cycling times (i.e. a few days per electrode).
Hence, a practical compromise was made, resulting in impedance
values that were sufficiently low to enable biofilm detection.
Furthermore, we demonstrated that SIROF electrodes could be
effectively cleaned after usage for biofilm detection. The cleaning
protocol resulted in sterile electrodes, and the resulting impedance
after cleaning was comparable to the impedance before using the
electrodes for biofilm detection.

Bacterial biofilms from S. aureus and P. aeruginosa can be
detected and distinguished impedimetrically on SIROF microelec-
trodes. The electrodes are able to capture changes in biofilm growth
over time, as well as distinguish between bacteria. Additionally,
since the sensors’ design included electrodes of different GSAs, we
can give a recommendation for appropriate SIROF electrode sizes.
According to our data, GSA 1 and 2 electrodes are the most efficient
at capturing the biofilms growth as well as growth of planktonic
bacteria and metabolites in the medium. They are, however, not
usable for the differentiation between biofilms, which was only
possible with GSA 3 through GSA 5. Since GSA 5 shows a less
consistent relative change over time versus the other sizes, ideally
the electrode should be in the GSA 3-4 range. We conclude that the
ideal size for detection is not necessarily the same as characteriza-
tion, since the GSA 1 electrodes capture differences over time on the
surface and the bulk medium effectively, but were only able to detect
differences between these species at 48 h. One can consider to
include a range of electrodes with different geometrical surface areas
on a single device, as a larger size may detect growth earlier, and a
smaller size could then be used for fast characterization.
Alternatively, to enable early biofilm detection and fast biofilm
characterization for a fixed electrode area, one can consider to use
slower pre-cycling scan speeds resulting in even lower electrode
impedance, at the cost of an increased duration of the pre-cycling per
electrode.

These conclusions provide a basis for the potential further
development of this technology into miniaturized devices for
implementation in situ or in vivo. For in situ applications, the sensor
design could be amended to include a multi-well chamber. This
would facilitate higher throughput measurements of bacterial

Figure 9. PCA plot produced considering median values over all frequencies of log normalized ∣ ∣Z , Zim, Zre and Phase, representing all time points (T0, 24h,
48h Spent, 48h New, 72h and 96h) in yellow-red gradient for P. aeruginosa and in green-blue gradient for S. aureus, measured using the varying electrode sizes
indicated by different markers.
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biofilms, which could then be implemented for the screening of
novel antibiotics. The devices used for pre-cycling optimization
feature a fabrication process that results in a long-term biocompa-
tible and biostable electrode array, making them suitable for in vivo
applications. While their potential for in vivo biofilm monitoring is
promising, further in vivo experiments are required to validate their
efficacy. Additionally, further research is needed to assess their
capability for real-time, early biofilm detection and differentiation.
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